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ABSTRACT: Catalytically important motions of the Ca-ATPase, modulated by the physical properties of
surrounding membrane phospholipids, have been suggested to be rate-limiting under physiological
conditions. To identify the nature of the structural coupling between the Ca-ATPase and membrane
phospholipids, we have investigated the functional and structural effects resulting from the incorporation
of the lysophospholipid 1-myristoyl-2-hydroxy-sn-glycerol-3-phosphocholine (LPC) into native sarcoplasmic
reticulum (SR) membranes. Nonsolubilizing concentrations of LPC abolish changes in fluorescence signals
associated with either intrinsic or extrinsic chromophores that monitor normal conformational transitions
accompanying calcium activation of the Ca-ATPase. There are corresponding decreases in the rates of
calcium transport coupled to ATP hydrolysis, suggesting that LPC may increase conformational barriers
associated with catalytic function. Fluorescence anisotropy measurements of the lipid analogue 1-(4-
trimethylammoniumphenyl)-6-phenyl-1,3,5-hexatriene (TMA-DPH) partitioned into SR membranes indicate
that LPC does not significantly modify lipid acyl chain rotational dynamics, suggesting differences in
headgroup conformation between LPC and diacylglycerol phosphatidylcholines. Complementary measure-
ments using phosphorescence anisotropy of erythrosin isothiocyanate at Lys464 on the Ca-ATPase provide
a measure of the dynamic structure of the phosphorylation domain, and indicate that LPC restricts the
amplitude of rotational motion. These results suggest a structural linkage between the cytosolic
phosphorylation domain and the conformation of membrane phospholipid headgroups. Thus, changes in
membrane phospholipid composition can modulate membrane surface properties and affect catalytically
important motions of the Ca-ATPase in a manner that suggests a role for LPC generated during signal
transduction.

Alterations in the phospholipid composition within bio-
logical membranes, including sarcoplasmic reticulum (SR),
occur in response to a wide array of physiological and
pathological conditions, and have been shown to modulate
the function of both peripheral and integral membrane
proteins (1-6). The physical basis for the functional regula-
tion of active transport proteins by different membrane
phospholipids has been suggested to result from changes in
membrane physical properties (7-14). However, the inability

to measure directly the influence of differences in membrane
phospholipid composition on catalytically important protein
structural changes has hindered a general understanding of
the mechanisms responsible for the functional regulation of
membrane proteins by their surrounding phospholipids. In
this respect, the recent identification of global conformational
changes that accompany calcium activation now permits an
investigation of the physical mechanisms responsible for
modulation of active transport function by membrane phos-
pholipids (15-17).

Increases in the phosphoethanolamine (PE) content of
reconstituted proteoliposomes containing the Ca-ATPase
have previously been shown to correlate with increases in
the amplitude of rotational dynamics of the phosphorylation
domain and enhanced catalytic activity of the Ca-ATPase
(5, 18-20). Therefore, specific interactions between PE
headgroups and selected amino acids (e.g., tryptophan) near
the bilayer surface of the Ca-ATPase may enhance catalytic
function as a result of the modulation of the structural
coupling between the calcium binding sites located within
the transmembrane helices in the bilayer and the nucleotide
binding site in the cytosolic portion of the Ca-ATPase (5,
21). Alternatively, differences in the average conformation
of the phosphocholine and phosphoethanolamine headgroups
within liquid crystalline membranes may modulate structural
changes associated with the transport mechanism of the Ca-
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1 Abbreviations: ATP, adenosine 5-triphosphate; calcium green,
5N,N-[2-[2-[2-[bis(carboxymethyl)amino]-5-[[(2′,7′-dichloro-3′,6′-dihy-
droxy-3-oxospiro[isobenzofuran-1(3H),9′-[9H]xanthen]-5-yl)carbonyl]-
amino]phenoxy]ethoxy]-4-nitrophenyl]-N-(carboxymethyl) glycine; CCCP,
carbonyl cyanide 3-chlorophenyl hydrazone; C12E9, polyoxyethylene
9 lauryl ether; DOPE, dioleoylphosphatidyl ethanolamine; DOPC,
dioleoylphosphatidylcholine; EGTA, ethylene glycol bis-(â-amino-ethyl
ether)N,N,N′,N′-tetraacetic acid; Er-ITC, erythrosin 5-isothiocyanate;
FURA-2, 1-[2-(5-carboxyazol-2-yl)-6-aminobenzofuran-5-oxyl]-2-(2-
amino-5-methylphenoxy)ethane-N,N,N′,N′-tetraacetic acid; LPC, 1-myris-
toyl-2-hydroxy-sn-glycerol-3-phosphocholine; MOPS, 3-(N-morpholino)
propane sulfonic acid; PC, phosphatidylcholine; PE, phosphatidyletha-
nolamine; ro, initial anisotropy; r∞, residual anisotropy; S, order
parameter; SR, sarcoplasmic reticulum; TMA-DPH, 1-(4-trimethylam-
moniumphenyl)-6-phenyl-1,3,5-hexatriene;〈τ〉, average fluorescence
lifetime; φ, rotational correlation time.
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ATPase as a result of differences in the electrostatic potential
at the membrane surface (22-26). To clarify the structural
linkage between membrane phospholipids and the Ca-
ATPase, we have investigated the influence of the incorpora-
tion of the lysophosphatidylcholine 1-myristoyl-2-hydroxy-
sn-glycerol-3-phosphocholine (LPC) into native SR membranes
on Ca-ATPase function and dynamics. Lysophosphatidyl-
cholines, in which the fatty acyl chain in thesn-2 position
is selectively cleaved, are generated following activation of
phospholipase A2 (PLA2) (27). Lysophospholipids have been
implicated as downstream affecters in signal transduction,
and are present at significant concentrations in cellular
membranes during intracellular signaling and following a
range of different pathological conditions that result in the
activation of phospholipase A2 (28, 29). While the role of
lysophosphatidylcholines in signal transduction remains
unclear, their presence in membranes has been suggested to
modulate the activity of many different peripheral and
integral membrane proteins (30-32). Because phospholipase
A2 (PLA2) activity in cardiac and neuronal tissues has been
shown to be activated at elevated intracellular calcium levels
(30, 32), any decrease in Ca-ATPase activity may function
to potentiate signal transduction cascades through the
modulation of intracellular calcium homeostasis and to
further accentuate imbalances in the rates of phospholipid
degradation and repair. For example, within several minutes
following induction of long-term potentiation in the brain,
increased PLA2 activity functions to selectively deplete
membrane PC levels, resulting in a 4-fold decrease in PC
and large increases in amounts of free fatty acids (30, 32).
However, under pathophysiological conditions LPC levels
become sufficiently high so as to disrupt ion gradients and
to be primary mechanisms of cell death (32). These observa-
tions suggest that nonsolubilizing concentrations of lyso-
phosphatidylcholines are physiologically relevant, and that
under these conditions that cell viability is maintained. To
identify the influence of nonsolubilizing concentrations of
lysophosphatidylcholines in modulating Ca-ATPase function,
we investigated structural changes involving both the Ca-
ATPase and surrounding lipids in native membranes using
both phosphorescence anisotropy measurements of Er-ITC
covalently bound to Lys464 in the phosphorylation domain
of the Ca-ATPase, and fluorescence anisotropy measurements
of TMA-DPH partitioned into membrane lipids. LPC induces
structural changes of the Ca-ATPase that are found to
correlate with catalytic activity, suggesting a physiologically
important role for lipid-protein interactions in modulating
calcium transport function.

EXPERIMENTAL PROCEDURES

Materials. KCl was purchased from Research Organics
(Cleveland, OH). Sucrose, TRIS (free base), and MOPS
[3-(N-morpholino) propane sulfonic acid] were obtained from
Fisher Scientific (Pittsburgh, PA). CaCl2 standard solution
was from VWR (St. Louis, MO). A23187, ammonium
molybdate, ATP (disodium salt), isomer II of Er-ITC
(erythrosin 5-isothiocyanate), isomer I of fluorescein 5-isothio-
cyanate (FITC), and EGTA were from Sigma (St. Louis,
MO). The proton ionophore carbonyl cyanide 3-chlorophenyl
hydrazone (CCCP) was obtained from Fluka Chemical Corp.
(Ronkonkoma, NY). 2-(3-(Diphenylhexatrienyl) propanoyl)-
1-hexadecanoyl-sn-glycero-3-phosphocholine (TMA-DPH)

and 1-myristoyl-2-hydroxy-sn-glycerol-3-phosphocholine
(LPC) were obtained from Avanti Polar Lipids (Alabaster,
AL). 1-[2-(5-Carboxyazol-2-yl)-6-aminobenzofuran-5-oxyl]-
2-(2-amino-5-methylphenoxy)ethane-N,N,N′,N′-tetraacetic acid
(FURA-2) and N-[2-[2-[2-[bis(carboxymethyl)amino]-5-
[[(2′,7′-dichloro-3′,6′-dihydroxy-3-oxospiro[isobenzofuran-
1(3H),9′-[9H]xanthen]-5-yl)carbonyl]amino]phenoxy]ethoxy]-
4-nitrophenyl]-N-(carboxymethyl) glycine (calcium green-
5N) were purchased from Molecular Probes, Inc. (Eugene,
OR). SR membranes were isolated from rabbit fast-twitch
skeletal muscle, essentially as previously described (33). SR
lipids were extracted as previously described (34-35). All
samples were stored in 20 mM MOPS (pH 7.0) and 0.3 M
sucrose at-70 °C.

DeriVatization of Samples with Optical Probes.Er-ITC
was covalently bound to Lys464 on the Ca-ATPase at a
stoichiometry of approximately one nanomole of Er-ITC
bound per milligram of SR membranes, as previously
described in detail (36). Lys515 within the Ca-ATPase was
labeled with FITC as previously described (37). TMA-DPH
was partitioned into membranes for measurements of phos-
pholipid acyl chain rotational dynamics at a concentration
of 0.5% (mol/mol).

Enzymatic ActiVity Assays.Protein concentrations were
measured using the Amidoschwarz protein assay using
nitrocellulose paper and Amidoblack stain (38). Free calcium
concentrations were directly measured using either FURA-2
or calcium green, whose respective association constants for
calcium were measured to be 186( 3 nM and 3.0( 0.4
µM under these experimental conditions (39). Calcium
uptake was measured essentially as previously described (40)
and was initiated by the addition of 1 mM ATP to a calcium-
buffered solution containing 200 mM MOPS (pH 7.0), 0.1
mM KCl, 5 mM MgCl2, 0.5 µM CCCP, 5 mM calcium
oxalate, 2 mM EGTA, and sufficient calcium to yield a free
calcium concentration equal to 2µM. Fluorescence changes
in calcium green-5N were used to measure changes in free
calcium concentration, permitting the calculation of the total
amount of calcium uptake using the following relationship:

where the association constant for calcium binding to EGTA
(KEGTA) is 2.5× 106 M-1 (40). Calcium-dependent rates of
ATP hydrolysis were measured as an ammonium molybdate
complex of phosphate at 25°C (41) and involved 0.1 mg/
mL SR vesicles in a medium containing 200 mM MOPS
(pH 7.0), 100 mM KCl, 5 mM MgCl2, 1 mM ATP, 6µM
A23187, 0.5µM CCCP, 2 mM EGTA, and sufficient calcium
to yield the indicated free calcium concentration.

The calcium-dependent activation of the Ca-ATPase was
fit to a model involving the cooperative binding of two
ligands:

where K1 is the macroscopic equilibrium constant, and
corresponds to the sum of the intrinsic equilibrium constants

[Ca2+]uptake) [Ca2+]free[1 +
KEGTA[EGTA]

1 + KEGTA[Ca2+]free
] (1)

ATPase Activity)
K1[Ca2+]free + 2K2[Ca2+]free

2

2(1 + K1[Ca2+]free + K2[Ca2+]free
2 )

(2)
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(k1 and k2) associated with calcium activation of the Ca-
ATPase; andK2 is the intrinsic equilibrium constant for
calcium activation and corresponds to the product of equi-
librium constants (k1k2kc) (42). This assessment of calcium
activation permits a determination of the cooperativity (i.e.,
kc) between high-affinity calcium binding sites in the Ca-
ATPase.

Fluorescence Measurements. Excitation of TMA-DPH
involved the 364 nm line from a Coherent Innova 400 argon
ion laser (Santa Clara,CA) and the fluorescence emission
were detected by using a Schott GG400 long-pass filter using
an ISS K2 frequency domain fluorometer, as described
previously (43). FITC was excited at 442 nm and emission
was detected by using a Schott GG495 long-pass filter.
Excitation of FURA-2 and calcium green-5N were respec-
tively at 345 and 488 nm; emission was monitored at 510
and 530 nm using a Spex FluoroMax-2 (Edison, NJ).

Phosphorescence Measurements.Er-ITC was covalently
bound to Lys464 on the Ca-ATPase at a stoichiometry of
approximately 0.2 mol of Er-ITC bound/mol of Ca-ATPase,
essentially as previously described (36). Er-ITC derivatized
SR vesicles (0.1 mg/mL) were excited using approximately
1 mW of 514 nm modulated light from an argon ion laser
(Coherent Corp., Palo Alto, CA), and the phosphorescence
emission was collected after a Schott RG697 long-pass filter
essentially as previously described (17). Prior to the mea-
surement of phosphorescence, the concentration of dissolved
oxygen in a 3 mLsealed cuvette was reduced enzymatically
by the addition of 17 mM glucose, 3 units of glucose oxidase
activity, and 30 units of catalase activity, and subsequent
incubation in the dark for at least 5 min (17, 44).

Analysis of Fluorescence or Phosphorescence Intensity and
Anisotropy Decays.Phosphorescence intensity or anisotropy
decays were fit to a sum of exponentials using the method
of nonlinear least-squares using explicit expressions that
permit the calculation of the lifetime components relating
to a multiexponential decay (Ri andτi; refs 45-46), where

Nω andDω are specific mathematical transforms that relate
the measured phase shift (φω) and modulation (mω) to the
lifetime components associated with the excited-state inten-
sity decay of the chromophore. Alternatively, appropriate
expressions have been derived that permit determination of
the initial anisotropy in the absence of rotational diffusion
(r0), the rotational correlation times (φi), and the amplitudes
of the total anisotropy loss associated with each rotational
correlation time(r0 gi). The derivation and application of
these expressions have previously been described in detail
(43, 46-48).

In the case of TMA-DPH partitioned into SR membranes,
these transforms (i.e.,Nω andDω) can be readily modified
to take into account a heterogeneous population of membrane
phospholipids that undergo slow exchange during the excited-
state lifetime of TMA-DPH, which can be approximated by
two populations of structural conformers corresponding to
(i) phospholipids not in contact with the Ca-ATPase with a
structure analogous to lipids in vesicles made from SR lipids
(i.e., bulk lipid) or (ii) protein-associated lipids (PALs) in
contact with the Ca-ATPase, where

and

Previous spin-label EPR measurements indicate that the Ca-
ATPase modifies the rotational dynamics of 43% of mem-
brane phospholipids in SR membranes, which correspond
to the PALs (49). Therefore, an independent measurement
of the individual lifetime components and associated am-
plitudes relating to TMA-DPH in membranes made from
extracted SR lipids (i.e.,Ri andτi) provides a measurement
of the bulk lipid, and permits one to recover the average
lifetime parameters (i.e.,Ri andτi) and rotational dynamics
(i.e., φ1 and S) associated with the PALs. The parameter
values are determined using the method of nonlinear least-
squares in which the reduced chi-squared (i.e.,øR

2) is
minimized. A comparison oføR

2 provides a quantitative
measurement of the adequacy of different assumed models
to describe the data (47). Data were fit using either the
Globals software package (University of Illinois, Urbana-
Champaign) or using the program Mathcad 6.0 (MathSoft
Inc., Cambridge, MA). The reported experimental uncertain-
ties associated with each parameter were determined from a
global analysis of the respective error surfaces, using the F
statistic associated with one standard deviation (47). To
simplify the presentation of the data, in cases where the error
surfaces are not symmetrical the reported errors represent
the maximal variance obtained from the error analysis. Unless
otherwise indicated, data were analyzed using frequency-
independent errors in the phase and modulation that were
assumed to be 0.2° and 0.01, respectively.

RESULTS

Influence of Lysophosphatidylcholine on Bilayer Structure.
Lysophosphatidylcholines (LPC) are involved in normal
intracellular signaling; however, at sufficiently high concen-
trations lysophosphatidylcholines act to disrupt biological
membranes resulting in increased membrane permeability
and modified interactions between membrane proteins that
can result in cell death (29, 32). Therefore, it is essential to
distinguish LPC concentrations at which SR membrane
integrity is disrupted from lower nonsolubilizing concentra-
tions where cell viability is expected to be preserved.

To detect alterations in protein-protein associations
resulting from LPC solubilization of the membrane, we have
monitored the loss of resonance energy transfer (RET)
between FITC chromophores bound to Lys515 near the
nucleotide binding site. Increased RET between identical
chromophores (homotransfer) was monitored with steady-
state polarization (P), which provides a sensitive means to
assess protein-protein associations (37, 50-56). We find
that increasing concentrations of LPC result in essentially
no change in P for LPC concentrations below 0.2 mg/mg of
SR protein (0.02 mg/mL), followed by a progressive increase
in P from 0.26 to 0.48 upon further increasing the concentra-
tion of LPC (Figure 1). These data agree with light scattering
measurements used to measure vesicle integrity through
changes in turbidity. Thus, solubilization of SR membranes
only occurs at concentrations above 0.2 mg of LPC/mg of

Φφω ) arctan
Nω

Dω
and mφω ) xNω

2 + Dω
2 (3)

Nωi
) fPALSi

NPALSi
+ (1 - fPALSi

)NBULK-LIPID (4)

Dωi
) fPALSi

DPALSi
+ (1 - fPALSi

)DBULK-LIPID (5)

4606 Biochemistry, Vol. 38, No. 14, 1999 Hunter et al.



SR protein. Furthermore, since significant changes in the
conformation of the nucleotide binding site would be
expected to alter FITC probe orientation and thus P (57),
these results further indicate that Ca-ATPase structure is
relatively unaffected at these lower LPC concentrations.

The partition coefficient for lysophospholipid incorporation
into membranes has previously been determined to be 1.1
× 106 (58), indicating that under these experimental condi-
tions 98% of the added LPC is incorporated into the SR
membrane. To avoid nonspecific effects that may involve
alterations in the integrity of the SR membrane, we have
chosen an LPC concentration of 0.02 mg/mL to investigate
how LPC incorporation into the SR membrane modifies
function. The addition of 0.02 mg/mL LPC into SR
membranes (0.1 mg/mL) corresponds to about 35 mol of
LPC/mol of Ca-ATPase, or approximately 24% of the total
phospholipids based on typical molar ratios of 145 phos-
pholipids/mol of Ca-ATPase in native SR membranes (49).
Since PC and PE respectively represent 58%( 10% and
16% ( 4% of the total phospholipid content of SR
membranes (59), the incorporation of 35 mol of LPC/mol
of Ca-ATPase results in a 7% increase in the relative
concentration of PC headgroups and a corresponding 3%
decrease in the molar fraction of PE headgroups. This small
alteration in the relative amounts of PC and PE is expected
to have little influence on membrane function (5).

Measurement of Calcium Transport and ATP Hydrolysis
Rates. To identify the functional consequences of nonsolu-
bilizing concentrations of LPC on the Ca-ATPase, we have
compared rates of both calcium uptake and ATP hydrolysis
for native SR membranes before and after the addition of
0.2 mg of LPC/mg of SR protein. At this nonsolubilizing
concentration, LPC incorporation results in a small but
reproducible decrease in function of the Ca-ATPase, resulting
in a 16%( 8% decrease in the maximal rate of calcium
uptake and a 17%( 9% decrease in the rate of ATP
hydrolysis (Table 1, Figure 2). Furthermore, the calcium

gradient generated by the Ca-ATPase is maintained following
the consumption of ATP irrespective of the presence of LPC
(data not shown), ruling out nonspecific calcium leaks. LPC
results in the same decrease in catalytic activity irrespective
of the calcium concentration, indicating that there are no
changes in apparent calcium affinity or in the cooperativity
between the high-affinity calcium binding sites. Therefore,
LPC modifies the rate of calcium transport involving catalytic
steps following calcium activation.

Modulation of Ca-ATPase Structure by Membrane Phos-
pholipids. The influence of LPC on structural transitions
between enzymatic states involved in the transport cycle of
the Ca-ATPase can be readily examined through measure-
ments of calcium-dependent alterations in the steady-state
fluorescence intensity of intrinsic chromophores (i.e., tryp-
tophans) that are predominantly located near the bilayer
surface or FITC covalently bound to Lys515 near the
nucleotide binding cleft (60, 61). These fluorescence signals
reflect the long-range structural coupling between the high-
affinity calcium binding sites located within the transmem-
brane helices and spatially distant nucleotide binding site(s)
(15, 62, 63). Calcium activation induces a 3-4% increase
in the intrinsic fluorescence of tryptophans and an 8%
decrease in that of bound FITC (60, 64-66). The addition

FIGURE 1: Modulation of Calcium-Dependent Structural Changes
by LPC. Influence of LPC on calcium-dependent fluorescence
intensity changes associated with intrinsic tryptophans (b) or FITC
covalently bound to Lys515 (O), which respectively increase 4%
and decrease 8% upon calcium activation. Membrane integrity was
assessed using light scattering at 600 nm (4) or changes in the
fluorescence polarizarization of FITC (9) resulting from fluores-
cence resonance energy transfer (FRET) to detect alterations in the
spatial arrangement of Ca-ATPase polypeptide chains with respect
to one another. Experimental conditions involved 0.1 mg/mL SR
in 50 mM MOPS (pH 7.0), 80 mM KCl, 5 mM MgCl2, and 0.1
mM EGTA. Calcium activation was assayed after the addition of
0.2 mM CaCl2. FITC and tryptophan were respectively excited using
490 and 298 nm light, and the resulting fluorescence was detected
at 520 nm and using a Schott WG-335 long-pass filter, respectively.

Table 1: Influence of LPC on Catalytic Function of Ca-ATPase in
Native SR Vesiclesa

[LPC]/[SR]
(mass/mass)

ATPase activityb
(µmol of Pi

mg-1 min-1)

calcium transport
activityc (µmol of
Ca2+ mg-1 min-1)

coupling ratiod (Ca2+

transported/ATP
hydrolyzed)

0 3.0( 0.2 5.6( 0.2 1.9( 0.1
0.2 2.5( 0.2 4.7( 0.4 1.9( 0.2

a Temperature was 25°C and buffer conditions are as indicated in
the legend to Figure 2.b Initial rates of ATP hydrolysis.c Initial rates
of calcium uptake.d Coupling ratios are obtained by dividing the
calcium uptake rate by the ATPase activity.

FIGURE 2: Calcium Dependence of the Activation of the Ca-
ATPase. Samples correspond to either native SR membranes (O,
left abscissa) or following the addition of 0.2 mg of LPC per
milligram of SR protein (b; right abscissa). The line represents
the experimental fit to eq 2 (see Experiment Procedures) where
∆G1 ) -6.9 ( 1.2 kcal/mol;∆G2 ) -17.9( 0.1 kcal/mol; and
∆Gc ) -5.0 ( 1.2 kcal/mol. Maximal rates of ATP hydrolysis at
saturating calcium are also listed in Table 1. Calcium-dependent
rates of ATP hydrolysis were measured using 0.1 mg/mL SR at 25
°C in the presence of 200 mM MOPS (pH 7.0), 0.1 M KCl, 5 mM
MgCl2, 1 mM ATP, 2 mM EGTA, 6µM A23187, 0.5µM CCCP,
and sufficient CaCl2 to yield the indicated free calcium concentra-
tions. Free calcium concentrations were directly measured using
FURA-2 and calcium green, whose respective binding affinities
were measured to be 186( 3 nM and 3.0( 0.4 µM under these
experimental conditions (39). Values for reconstituted samples
represent the average of three independent determinations, and
average errors were 6% of the indicated values.
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of nonsolubilizing concentrations of LPC to native SR
membranes results in progressive decreases that eventually
abolish these calcium-dependent changes in fluorescence
signals (Figure 1). The diminished calcium-dependent change
in these fluorescence signals is analogous to previous results
where alterations in the lipid environment surrounding the
Ca-ATPase also have been shown to reduce these calcium-
dependent changes in fluorescence intensity (60, 66).

Lifetime and Rotational Dynamics of Tryptophan Side
Chains. Changes in the average fluorescence intensity of the
thirteen tryptophan residues in the Ca-ATPase could result
from differences in phospholipid-induced changes in the
environment of a minor fraction of tryptophan side chains,
rather than reflecting global structural changes. In contrast,
fluorescence lifetime decays require changes in the environ-
ment of themajority of the tryptophan side chains (67). We
have, therefore, measured the frequency response of the
tryptophan fluorescence in the presence and absence of added
LPC (Table 2). In agreement with previous results, the
intensity decay associated with tryptophan can, in all cases,
be adequately described by a model involving three expo-
nentials (67). Prior to the addition of LPC, calcium activation
results in a shift in the frequency response to lower
frequencies, consistent with the observed 4% enhancement
in steady-state fluorescence intensity. The addition of non-
solubilizing concentrations of LPC abolishes the calcium-
dependent shift in the frequency response of the fluorescence
decay, and the calcium-dependent changes in both the
fractional intensities and lifetime components of the tryp-
tophan intensity decay are diminished (Table 2). Thus, the
loss of the calcium-dependent changes in the steady-state
fluorescence intensity of tryptophan is a reflection of
diminished global conformational changes involving the
majority of the membrane-embedded tryptophans upon
addition of LPC (Table 2; Figure 1).

Similarly, calcium-dependent changes in tryptophan ro-
tational dynamics are abolished upon partitioning nonsolu-
bilizing concentrations of LPC into these SR membranes
(Table 3). These calcium-dependent changes in tryptophan
rotational dynamics have previously been suggested to reflect
steric differences in side chain packing that accompany the
reorientation of the transmembrane helices (67). The reduced
calcium sensitivity to changes in both the lifetime and
rotational dynamics of tryptophans is consistent with stabi-

lization of the Ca-ATPase in a state analogous to calcium
activation following incorporation of LPC (60, 66). Alter-
natively, LPC may stabilize the Ca-ATPase in a conformation
different from that observed in native SR membranes (Tables
2 and 3).

Phosphorescence Anisotropy Measurements of Protein
Rotational Dynamics. To investigate the influence of LPC
on catalytically important motions that have been implicated
as important to the transport activity of the Ca-ATPase (5,
17), we have measured the rotational dynamics of the
phosphorylation domain covalently modified with Er-ITC.
Er-ITC has previously been shown to selectively modify
Lys464 within the phosphorylation domain of the Ca-ATPase,
without interfering with the catalytic activity associated with
the high-affinity nucleotide binding site (36). Furthermore,
frequency domain measurements of phosphorescence ani-
sotropy have been shown to accurately measure membrane
protein rotational dynamics, providing equivalent resolution
to time domain measurements while avoiding artifacts from
fluorescence and light scattering (5, 17). Thus, dynamic
structural changes involving the phosphorylation domain of
the Ca-ATPase that result from alterations in lipid-protein
interactions can be directly measured using frequency domain
phosphorescence spectroscopy. In addition, these measure-
ments permit the resolution of alterations in either interactions
between Ca-ATPase polypeptide chains or changes in the
membrane fluidity, since the rate of overall rotational motion
of the Ca-ATPase with respect to the membrane normal has
been shown to be sensitive to both the size of the Ca-ATPase
and the viscosity of the membrane bilayer (17, 68-70).

The average phosphorescence lifetime of Er-ITC co-
valently bound to the Ca-ATPase was 200( 50 µs
irrespective of the presence of LPC (data not shown). This
lifetime is sufficiently long to permit the measurement of
internal domain motions and the overall rotational motion
of the Ca-ATPase with respect to the membrane normal (17).
Resolution of the rotational dynamics of the Ca-ATPase
involved the measurement of the differential phase and
modulated anisotropy between 0.1 and 20 kHz. Addition of
LPC results in a shift in the frequency response of the
modulated anisotropy and differential phase to lower fre-
quencies (Figure 3), indicating decreased rotational mobility.
Irrespective of the addition of LPC, the frequency domain
anisotropy data can be adequately described by a model
involving a sum of two exponentials and a residual anisot-

Table 2: Calcium-Dependent Changes in the Average Fluorescence
Lifetimes of Tryptophana

[LPC]/[SR]
(mass/mass) ligand f1

τ1
(ns) f2

τ2
(ns) f3

τ3
(ns)

〈τ〉
(ns) øR

2

0.0 +EGTA 0.026 0.2 0.26 2.1 0.71 5.0 4.1 0.6
(0.003) (0.1) (0.04) (0.1) (0.04) (0.2) (0.3)

+calcuim 0.032 0.2 0.56 2.9 0.41 7.5 4.7 3.8
(0.002) (0.1) (0.08) (0.1) (0.08) (0.5) (0.9)

0.2 +EGTA 0.035 0.2 0.67 3.3 0.29 9 4.9 4.3
(0.005) (0.1) (0.08) (0.3) (0.08) (2) (1.2)

+calcium 0.034 0.2 0.68 3.3 0.29 9 4.8 4.3
(0.004) (0.1) (0.05) (0.1) (0.05) (1) (0.8)

a Differential phase and modulation were collected at 23 frequencies
between 7.5 and 200 MHz. Excitation was at 298 nm and emission
was collected using WG-320 long-pass and Corning 7-51 interference
filters. Experimental conditions involved 0.1 mg/mL SR in 50 mM
MOPS (pH 7.0), 80 mM KCl, 5 mM MgCl2, and 0.1 mM EGTA. When
appropriate, 0.2 mM CaCl2 or 20 µg/mL LPC was included in the
buffer. Temperature was 25°C.

Table 3: Calcium-Dependent Changes in the Rotational Dynamics
of Tryptophana

[LPC]/[SR]
(mass/mass) ligand

〈τ〉
(ns) g1 r0

φ1

(ns) r∞ øR
2

0.0 +EGTA 4.1 0.132 0.9 0.144 1.9
(0.3) (0.008) (0.2) (0.002)

+calcium 4.7 0.162 0.60 0.142 1.6
(0.9) (0.003) (0.05) (0.001)

0.2 +EGTA 4.9 0.12 1.2 0.160 2.9
(1.2) (0.01) (0.4) (0.002)

+calcium 4.8 0.12 0.9 0.168 2.5
(0.8) (0.01) (0.2) (0.003)

a Experimental conditions are as described in the legend to Table 2,
where numbers in parentheses represent the standard deviation from
two independent measurements. Parameter values are obtained from
fitting the data to a sum of exponentials, as previously described (47,
67).
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ropy, as shown by the randomly weighted residuals. A
consideration of the temperature dependence of the rotational
dynamics of Er-ITC bound to the Ca-ATPase, and compari-
son of the Arrhenius activation energies with those associated
with lipid dynamics (measured using TMA-DPH), indicate
that the measured rotational correlation times correspond to
the rotational motion of the phosphorylation domain (φ1 ≈
6 µs) and the overall rotational motion of the Ca-ATPase
with respect to the membrane normal (φ2 ≈ 170 µs) (17).
These rotational correlation times are sensitive to changes
in the average structure of either the phosphorylation domain,
alterations in the interactions between Ca-ATPase polypep-
tide chains, or changes in membrane fluidity (69, 71).
Likewise, the residual anisotropy (r∞) is sensitive to differ-
ences in the average orientation of the phosphorylation
domain relative to the membrane normal (68, 70). A
consideration of the fitting parameters for native SR and
following incorporation of LPC indicates that LPC primarily
acts to reduce the amplitude (g1) associated with domain
motion (φ1); no significant changes in the rotational correla-
tion times or residual anisotropies are observed (Table 4).
Thus, these results imply that LPC does not directly modify
the average conformation of the phosphorylation domain,
interactions between Ca-ATPase polypeptide chains, or
membrane fluidity. Rather LPC modulates catalytically
important dynamic structural changes of the phosphorylation
domain within individual Ca-ATPase polypeptide chains.

Fluorescence Anisotropy Measurements of Phospholipid
Acyl Chain Dynamics. Additional resolution of possible
changes in the structure of membrane phospholipids resulting
from the incorporation of LPC were obtained using frequency
domain fluorescence spectroscopy to measure the excited-

state lifetime and rotational dynamics of TMA-DPH parti-
tioned into homogeneous vesicles made from either SR lipids
or SR membranes. The excited-state lifetime of TMA-DPH
is longer in native SR membranes (Table 5), suggesting that
the presence of the Ca-ATPase alters the polarity near the
bilayer surface. Furthermore, in agreement with previous
observations we find that the Ca-ATPase functions to reduce
the rotational mobility of membrane phospholipid acyl chains
(49). These latter results are consistent with earlier sugges-
tions that specific interactions between phospholipid head-
groups and the Ca-ATPase are functionally important (5),
and emphasize that these lifetime and anisotropy measure-
ments are sensitive to changes in lipid-protein interactions.
It is therefore significant that incorporation of LPC has
essentially no effect on the average lifetime or rotational
dynamics of TMA-DPH, irrespective of the presence of the
Ca-ATPase (Table 5). These observations are furthermore
consistent with measurements of the overall rotational
dynamics of the Ca-ATPase (see above), which are unaf-
fected by the incorporation of LPC (Table 4). Thus, LPC
does not modify the structural dynamics (fluidity) of the
phospholipid acyl chains.

DISCUSSION

Summary of Results. Incorporation of nonsolubilizing
concentrations of LPC into native SR membranes reduces

FIGURE 3: Influence of LPC on the Rotational Dynamics of the
Ca-ATPase. Differential phase (A) and modulated anisotropy (B)
data and corresponding multiexponential fits for native SR (O, solid
line) and following the addition of 0.2 mg of LPC per milligram
of SR protein (b, dashed line). Weighted residuals are shown below
their respective data sets, and correspond to the difference between
the experimental and calculated least-squares fit to the data
normalized by frequency-independent experimental errors that were
assumed to be 0.2° and 0.01 for the differential phase and modulated
anisotropy, respectively. Theø2

R values are 0.8 (solid lines) and
1.7 (dashed lines). Experimental conditions involved 0.1 mg/mL
SR in 200 mM MOPS (pH 7.0), 0.1 M KCl, 5 mM MgCl2, 2 mM
EGTA, and 1.65 mM CaCl2; the free calcium concentration was
approximately 2µM.

Table 4: Rotational Dynamics of Er-ITC-Modified Ca-ATPasea

[LPC]/[SR]
(mass/mass) r0 g1

φ1

(µs) g2

φ2

(µs) r∞

0 0.34 0.58 6.4 0.18 170 0.08
(0.01) (0.01) (0.5) (0.02) (40) (0.01)

0.2 0.34 0.52 7.4 0.28 170 0.07
(0.01) (0.01) (0.8) (0.01) (10) (0.01)

a Experimental conditions are as described in the legend to Table 2.
Indicated values represent averages of five independent measurements;
standard errors of the mean are indicated in parentheses. Parameter
values were obtained by fitting the data to the following equation:
A(t) ) r0∑igie-t/φi + r∞.

Table 5: Rotational Dynamics of TMA-DPHa

[LPC]/[SR]
(mass/mass) 〈τ〉b (ns) r0 S φ1 (ns) øR

2

SR Lipidsc
0 4.1( 0.1 0.37( 0.01 0.70( 0.01 2.4( 0.2 1.5
0.2 4.2( 0.2 0.38( 0.01 0.69( 0.01 2.3( 0.1 0.8

SR (Fast Exchange Model)c

0 4.4( 0.2 0.39( 0.01 0.77( 0.01 1.8( 0.1 0.4
0.2 4.5( 0.3 0.39( 0.01 0.77( 0.01 1.7( 0.2 1.0

SR (Protein-Associated Lipids Calculated
Assuming Slow Exchange)d

0 4.9( 0.3 0.39( 0.01 0.84( 0.01 1.0( 0.2 0.6
0.2 5.4( 0.3 0.39( 0.01 0.87( 0.01 0.8( 0.3 1.5

a Experimental conditions are as described in the legend to Table 2.
Indicated values represent averages of two measurements assuming
frequency-independent errors in the phase and modulation to be 0.2°
and 0.005, respectively. Data were collected at 16 frequencies between
3 and 200 MHz; standard deviations are indicated in parentheses.
b Average lifetime of TMA-DPH.c Parameter values were obtained
by fitting the data to the equationA(t) ) r0∑igie-t/φi + r∞, whereS )
[r∞/r0]0.5 assuming a homogeneous population of membrane phospho-
lipids. d Parameter values for protein-associated lipids were calculated
assuming slow exchange and that lifetime and rotational dynamics of
the bulk lipids not in contact with the Ca-ATPase are identical to that
observed in vesicles made from extracted SR lipids (see Experimental
Procedures).
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the maximal transport rate of the Ca-ATPase without
affecting (i) maximal coupling efficiency between ATP
hydrolysis and calcium transport, (ii) apparent calcium
affinity, or (iii) cooperative interactions between high-affinity
calcium binding sites (Figure 2; Table 1). There are corre-
sponding decreases in rotational mobility of the phospho-
rylation domain (Figure 3), suggesting the structural coupling
between the nucleotide binding and phosphorylation sites in
the cytosolic region and the spatially distant transmembrane
helices in contact with membrane lipids. At the same time,
LPC does not significantly alter either the rate of overall
rotational motion of the Ca-ATPase with respect to the
membrane normal or the lipid acyl chain rotational dynamics
(Tables 4 and 5), indicating that interactions between neither
Ca-ATPase polypeptide chains nor lipid fluidity are affected
by LPC (68, 70).

Lipid-Protein Interactions and Ca-ATPase Function. A
similar relationship between catalytic function and the
rotational dynamics of the phosphorylation domain is
observed upon reconstitution of the Ca-ATPase in the
presence of variable amounts of PE, which was altered
between 0% and 50% (mol/mol) of the membrane phospho-
lipids (5) (Figure 4). DOPE (50%) was found to be necessary
to obtain rates of ATP hydrolysis that approximate that
observed in native SR membranes (which contain 16%(
4% PE; ref59) in these earlier experiments involving the
reconstitution of affinity-purified Ca-ATPase with variable
amounts of DOPE and DOPC (5), suggesting that this simple
lipid composition can substitute for native SR lipids. Thus,
increasing the amount of PE functions toenhanceboth
enzymatic activity and the amplitude of rotational motion
involving the phosphorylation domain of the Ca-ATPase. In
contrast, addition of LPC to native SR membranes functions
to reduce both enzymatic activity and the amplitude of
domain motion. These results indicate that PE headgroups
and LPC have opposite effects on enzymatic activity and
the rotational dynamics of the phosphorylation domain of
the Ca-ATPase, as is expected since they have opposite
effects on membrane surface structure. However, the similar
relationship between the amplitude of domain motion and
the enzymatic activity of the Ca-ATPase suggests that a
number of different membrane phospholipids can modulate

catalytic function through changes in the structural dynamics
of the phosphorylation domain (Figure 4). Furthermore, in
a manner similar to LPC addition, different PE concentrations
do not alter other dynamic structural properties of the Ca-
ATPase or membrane fluidity. The amplitude of the phos-
phorylation domain motion has been previously suggested
to be sensitive to the stiffness of the stalk region located
proximal to the membrane surface, whose density is signifi-
cantly altered by calcium binding (16, 17). Thus, membrane
phospholipids may function to modulate catalytically im-
portant motions normally involved in the transport cycle of
the Ca-ATPase through the modification of protein structural
elements critical to conformational coupling.

Relationship to PreVious Studies. The fluidity of membrane
phospholipids has previously been shown to constrain
catalytically important motions associated with Ca-ATPase
function (72-75). For example, the length of the phospho-
lipid acyl chains must complement that of the transmembrane
sequences of the Ca-ATPase in order to minimize hydro-
phobic mismatch and prevent aggregation between Ca-
ATPase polypeptide chains (76-77). However, within liquid
crystalline bilayers lipid fluidity is not a primary factor in
determining enzyme function, as changes in phospholipid
composition modulate Ca-ATPase function in a manner
independent of acyl chain rotational dynamics (78-79). It
has therefore been suggested that differences in the interac-
tions between membrane phospholipids may modulate
membrane protein function through changes in the lateral
tension or elastic stress of the bilayer (8, 80). Alternatively,
interactions between specific membrane phospholipids and
the Ca-ATPase have been suggested to be critical to the
optimal function of a range of different membrane proteins,
including the Ca-ATPase (17-18, 81). However, the weak
binding affinities of different membrane phospholipids to the
Ca-ATPase are very similar irrespective of headgroup or acyl
chain structure (79), suggesting essentially no selective
binding interactions between membrane phospholipids and
the Ca-ATPase. In contrast the membrane surface potential,
which is sensitive to differences in the average conformation
of membrane phospholipid headgroups relative to the
membrane normal, is expected to be altered by the phos-
pholipid headgroup composition (13, 24, 43).

Previous studies have shown that van der Waals contact
interactions between phospholipid acyl chains function to
constrain the cross-sectional area available to the phospho-
lipid headgroup, which undergoes rapid rotational motion
around the C(1)-C(2) bond of the glycerol backbone relative
to the membrane normal; this rotational motion is essentially
uncoupled from the slower rotational motion of the phos-
pholipid acyl chains relative to the membrane normal (43,
82, 83). Therefore, the remarkable lack of effect on the
dynamics of fatty acyl chains by either 20% (mass/mass)
LPC in native SR or variations in PE content in reconstituted
proteoliposomes suggests that primary effects of LPC on
function are the result of changes in headgroup conformation
and concomitant modifications of membrane surface poten-
tial. Membrane surface potential, in turn, has the potential
to alter conformational barriers of catalytically important
motions of the Ca-ATPase and thus modifying transport
function (22-26, 84, 85).

Physiological Significance. The precise role of lysophos-
pholipids in membrane signaling remains unclear, and may

FIGURE 4: Correlation Between ATPase Activity and Rotational
Dynamics of the Phosphorylation Domain. Amplitude of domain
motion (i.e.,g1; see Table 4) and corresponding enzymatic activities
for the Ca-ATPase in native SR membranes (b) and following the
addition of 0.2 mg of LPC per milligram of SR protein (9). Data
corresponding to the Ca-ATPase reconstituted into vesicles contain-
ing 0, 25, and 50 mol % phosphatidylethanolamine (O) are obtained
from ref 5.
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involve the direct modulation of the functional properties of
ion channels and electrogenic ion pumps (86-90). However,
with the exception of gramicidin, whose oligomeric state is
modulated by LPC, there is currently little structural infor-
mation regarding the modulation of membrane protein
function by LPC (90). In this respect, the Ca-ATPase
represents both a model system for studies of LPC modula-
tion of active transport as well as a potential cellular target
of LPC. The structural coupling between LPC and the
phosphorylation domain of the Ca-ATPase provides direct
evidence that changes in membrane phospholipid composi-
tion can modulate the structure and function of membrane
proteins. In addition, LPC itself may play a role in promoting
cellular survival under conditions of oxidative stress mediated
by the Ca-ATPase. For example, during ischemia and
reperfusion in cardiomyocytes, reactive oxygen species
(ROS) selectively oxidize highly unsaturated phospholipid
acyl chains, which are primarily located at thesn-2 position
of membrane phospholipids. Subsequent cleavage of the
oxidatively modified fatty acyl chain by phospholipase A2

(PLA2) is modulated by intracellular calcium concentrations
either directly or through calmodulin (29). Thus, the inhibi-
tion of the Ca-ATPase following generation of LPC under
conditions of oxidative stress has the potential to prolong
the activation of PLA2 necessary for membrane remodeling
by increasing the length of the calcium transient. Following
the generation of LPC there is a substantial increase in PE
levels (30, 32, 91), which has the potential to activate the
Ca-ATPase through modulation of its phosphorylation
domain and thus restoring calcium homeostasis (Figure 8)
(5). Similar increases in PE levels have also been observed
under other conditions of oxidative stress (i.e., chronic
administration of ethanol) (92-93), suggesting that physi-
ological changes in lipid composition resulting from a range
of physiological stimuli may play an adaptive role in
modulating intracellular calcium transients.

Conclusions and Future Directions. We have demonstrated
a structural coupling between membrane phospholipid head-
groups, the amplitude of the phosphorylation domain, and
the transport function of the Ca-ATPase. Thus, changes in
the composition of membrane phospholipids are expected
to alter the transport activity of the Ca-ATPase and thereby
modify the duration of calcium transients involved in cellular
signaling mechanisms. Future studies should investigate
whether there are correlated motions involving other domain
elements within the Ca-ATPase that are modulated by
physiological affecters of Ca-ATPase function.
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